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Abstract 
To investigate whether short term fructose-rich diet induces changes in the gut microbiota as well as in skeletal muscle and adipose tissue physiology 

and verify whether they persist even after fructose withdrawal, young rats of 30 d of age were fed for 3 weeks a fructose-rich or control diet. At the end 
of the 3-weeks period, half of the rats from each group were maintained for further 3 weeks on a control diet. Metagenomic analysis of gut microbiota and 
short chain fatty acids levels (faeces and plasma) were investigated. Insulin response was evaluated at the whole-body level and both in skeletal muscle 
and epididymal adipose tissue, together with skeletal muscle mitochondrial function, oxidative stress, and lipid composition. In parallel, morphology and 
physiological status of epididymal adipose tissue was also evaluated. Reshaping of gut microbiota and increased content of short chain fatty acids was 
elicited by the fructose diet and abolished by switching back to control diet. On the other hand, most metabolic changes elicited by fructose-rich diet in 
skeletal muscle and epididymal adipose tissue persisted after switching to control diet. Increased dietary fructose intake even on a short-time basis elicits 
persistent changes in the physiology of metabolically relevant tissues, such as adipose tissue and skeletal muscle, through mechanisms that go well beyond 
the reshaping of gut microbiota. This picture delineates a harmful situation, in particular for the young populations, posed at risk of metabolic modifications 
that may persist in their adulthood. 
© 2022 Elsevier Inc. All rights reserved. 
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1. Introduction 

Increasing experimental evidence from both epidemiological 
and experimental investigations indicates that the elevated con- 
sumption of fructose-rich food and drinks contributes to the on- 
set of insulin resistance and metabolic syndrome [ 1 , 2 ]. This oc- 
curs in all age groups, but the most alarming situation is that of 
young people. In fact, the HELENA study has evidenced that Eu- 
ropean adolescents consume about 10 0 0 mL/d (corresponding to 
more than 10 0 0 kJ/d) of beverages and fruit juices, containing fruc- 
tose or high-fructose corn syrup as sweetener [3] . 
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Although skeletal muscle is the primary site of whole-body glu- 
cose disposal [4] being therefore deeply involved in the establish- 
ment of insulin resistance [4] , it has not been considered a pri- 
mary tissue involved in the oxidation of fructose. Interestingly, it 
has been recently evaluated that about 15% of ingested fructose 
escapes splanchnic extraction and circulates in the periphery [5] . 
This result suggests that, besides liver and gut, other metaboli- 
cally relevant tissues, such as skeletal muscle and white adipose 
tissue, could directly metabolize blood fructose, since they express 
the glucose transporter (GLUT)5 [6] , and the enzyme fructokinase 
A [7] . Accordingly, Jang et al. [8] , by using labelled fructose, evi- 
denced utilization of this sugar in skeletal muscle and adipose tis- 
sue. 

Several papers reported the deleterious effects of increased di- 
etary intake of this sugar on skeletal muscle physiology. In partic- 
ular, different lines of evidence showed insulin resistance develop- 
ment in skeletal muscle after fructose intake [9–13] . We also previ- 
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ously showed that adult rats develop insulin resistance in skeletal 
muscle, coupled with increased ceramide content, both after short 
[14] or long [15] term fructose intake. 

It is now well documented that the development of cellu- 
lar insulin resistance in skeletal muscle is strictly linked to mi- 
tochondrial dysfunction and oxidative stress [16] . Jaiswal et al. 
[17] demonstrated the onset of oxidative stress, mitochondrial dys- 
function, and apoptosis in L6 myotubes exposed to fructose. De 
Stefanis et al. [18] confirmed the induction of apoptosis in vivo 
in mice after very long term fructose intake, while Warren et al. 
[19] found impaired mitochondrial function in glycolytic muscle af- 
ter 6 weeks of 10% fructose solution administration. In addition, 
7 d old rats receiving high fructose solution (20% w/v) for only 7 
d exhibited decreased activity of catalase, depleted GSH and in- 
creased lipid peroxidation in skeletal muscle [20] . 

Similarly to the skeletal muscle, metabolic impairment was also 
evidenced in white adipose tissue (WAT), another tissue highly in- 
volved in glucose metabolism, with development of hypertrophy, 
inflammation and insulin resistance following increased fructose 
intake [ 21 , 22 ], even after only 4 weeks of dietary treatment [23] . 

Over the last decade, gut microbial modifications (composition 
and/or function) have been associated with aging, obesity, sugar- 
associated metabolic disorders, and insulin resistance [ 24 , 25 ]. In- 
terestingly, while many studies investigated how the gut micro- 
biota influences the liver and intestinal metabolism, immunity, and 
behavior [26–29] , the importance of the gut microbiota for the 
control of energy homeostasis in adipose tissue and skeletal mus- 
cle has only recently emerged [ 30 , 31 ]. 

Another still unknown issue, related to elevated fructose con- 
sumption, is whether the metabolic derangement elicited by 
fructose-rich diet can be switched back when a healthy diet is 
reintroduced, or if it takes a long time to be corrected. This in- 
formation is however of outmost importance to better delineate 
the harmful effects of this sugar, especially in the young popula- 
tion, which is at a critical time for the growth of muscle mass. To 
date, it has been only reported that switching from a high fat to 
low fat diet is able to reverse the metabolic phenotype [32] , while 
we recently showed that liver alterations induced by 3 weeks of 
fructose-rich diet are still present 3 weeks after fructose with- 
drawal [33] . 

We therefore investigated whether short term fructose-rich diet 
in young rats induces changes in the gut microbiota and impacts 
on both skeletal muscle and adipose tissue physiology. Also, we 
verified whether, 3 weeks after fructose withdrawal, the physio- 
logical status of these tissues and the gut microbiota composition 
has been recovered. Moreover, considering that human mean fruc- 
tose consumption is about 10% of total energy, with 95th percentile 
reaching an intake that correspond to 26% of total energy intake 
[34] , we chose to carry out experiments using a fructose dose quite 
similar to the human consumption in order to increase the signifi- 
cance and transferability of the results to human health. 
2. Methods 
2.1. Animals and treatments 

The study was conducted according to the guidelines of the Declaration of 
Helsinki, approved by “Comitato Etico-Scientifico per la Sperimentazione Animale”

of the University of Naples Federico II and authorized by Italian Health Minister 
(4 4 48/2019-PR). 

Male Wistar rats (Charles River, Italy), of 30 d of age were caged in a 
temperature-controlled room (23 ±1 °C) with a 12-h light/dark cycle (06.30–18.30) 
and unrestricted access to food. Rats were divided in two groups (each composed 
of 16 rats) that were fed for 3 weeks a fructose-rich (30% of calories coming from 
fructose) (F) or control (C) diet (composition in supplementary Table 1). At the end 
of the 3-weeks period, half of the rats (8 rats) from each group (F and C) were eu- 
thanized, while the other half of the rats from each group (eight rats) were main- 
tained for further 3 weeks on a control diet and defined CR (rats fed a control diet 

for the first 3 weeks) and FR (rats fed a fructose-rich diet for the first 3 weeks). 
During the whole experimental period, food intake was monitored. At the end of 
the experimental period, rats were anesthetized with sodium pentothal (40 mg kg- 
1 i.p.) and euthanized by decapitation, and epididymal white adipose tissue (eWAT) 
and hindleg skeletal muscles (gastrocnemius, soleus, posterior tibialis and quadri- 
ceps, all rapidly dissected, freed of excess fat and connective tissue) were frozen in 
liquid nitrogen and stored at -80 °C for further analyses. A small sample of eWAT 
was collected and fixed in 4% buffered formaldehyde. 
2.2. Glucose tolerance test and plasma triglycerides 

The day before the euthanasia, rats were fasted (from 8 a.m.) and after 6 h the 
basal postabsorptive blood samples were collected from tail vein in EDTA-coated 
tubes for plasma separation. Then, glucose (2 g kg −1 ) was injected intraperitoneally 
and blood samples were taken after 20, 40, 60, 90 and 120 min. 

Blood samples from glucose tolerance test were centrifuged at 1400xg for 8 min 
at 4 °C, plasma was collected and stored at −20 °C for further determination of glu- 
cose and insulin. Plasma glucose concentration was measured by a colorimetric en- 
zymatic method (GS Diagnostics SRL, Guidonia Montecelio, Rome, Italy). Plasma in- 
sulin concentration was measured by an ELISA kit (Mercodia AB, Uppsala, Sweden) 
in a single assay to avoid interassay variations. Skeletal muscle insulin sensitivity 
was calculated according to Abdul-Ghani et al. [35] as the rate of decline in plasma 
glucose concentration from peak to nadir divided by mean plasma insulin concen- 
tration. Plasma samples obtained at time 0 of glucose tolerance test were also used 
for the determination of plasma triglycerides using a commercial kit (SGM Italia, 
Rome, Italy). 
2.3. Tissue metabolites 

Homogenates from skeletal muscle and eWAT were prepared in 50 mM phos- 
phate buffer, pH 7.0 (1:50 w/v) and used to assess tissue content of fructose and 
uric acid by commercial kits based on colorimetric enzymatic methods (Sigma 
Aldrich, St. Louis, MO, USA for fructose, GS Diagnostics SRL, Guidonia Montecelio, 
Rome, Italy for uric acid). 

Skeletal muscle triglycerides were quantified by using a commercial kit (SGM 
Italia, Rome, Italy), while tissue glycogen was assessed by direct enzymatic proce- 
dure [36] . 

Skeletal muscle ceramide content was evaluated by enzyme-linked immunosor- 
bent assay (ELISA) as reported previously [37] . 
2.4. Fatty acid synthase activity 

The activity of fatty acid synthase (FAS) was measured in eWAT and skeletal 
muscle homogenates prepared in KCl 175 mM, Tris 10 mM, pH 7.5 (1:8 w/v) as 
previously described [22] . Briefly, samples were incubated in a buffer containing 
KH 2 PO 4 0.1 M, pH 6.5, acetyl-CoA 60 µM, malonyl-CoA 90 µM and NADPH 300 µM. 
The change in absorbance at 340 nm was measured, and one unit of activity was 
defined as that degrading 1 µmol of NADPH per minute at 37 °C. 
2.5. Oxidative stress parameters 

Homogenates from eWAT and skeletal muscle were prepared in 50 mM phos- 
phate buffer, pH 7.0 (1:50 w/v) and used for the determination of oxidative stress 
markers. 

Lipid peroxidation was determined according to Fernandes et al. [38] , by mea- 
suring thiobarbituric acid reactive substrates (TBARS), using the thiobarbituric acid 
assay. 

Nitro-tyrosine (N-Tyr) titration was carried out by ELISA in tissue homogenates 
using rabbit anti-N-Tyr IgG (Covalab, distributed by VinciBiochem, Vinci, Italy; 
1:600 dilution in T-TBS containing 0.25% BSA), followed by 60 µL of GAR-HRP 
(1:3500 dilution; 1 h, 37 °C), as previously described [39] . 

Superoxyde dismutase (SOD) activity was measured in a medium containing 
50 mM KH 2 PO 4 pH 7.8, 20 mM cytochrome c, 0.1 mM xanthine, and 0.01 units 
of xanthine oxidase. Determinations were carried out spectrophotometrically (550 
nm) at 25 °C, by monitoring the decrease in the reduction rate of cytochrome c by 
superoxide radicals, generated by the xanthine-xanthine oxidase system. One unit 
of SOD activity is defined as the concentration of enzyme that inhibits cytochrome 
c reduction by 50% in the presence of xanthine + xanthine oxidase [40] . 

Catalase activity was measured in tissue homogenates in 50 mM phosphate 
buffer, pH 7.0 containing 10 mM H 2 O 2 and 0.25% Triton X-100. Determinations were 
carried out spectrophotometrically (240 nm) at 25 °C, by monitoring the decrease in 
absorbance due to the decomposition of H 2 O 2 . The rate of H 2 O 2 loss from solution 
was linear when the natural log of the absorbance was plotted against time, in ac- 
cord with the usual first-order kinetics exhibited by catalase [41] . Linear regression 
analysis was carried out to calculate the first order reaction rate constant (k) and 
the values were then referred to unit of tissue weight. 

Glutathione reductase (GR) activity was measured by monitoring the decrease 
of NADPH absorbance at 340 nm at 30 °C. The reaction mixture contained 0.2 M 
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potassium phosphate buffer, 2 mM EDTA, 2 mM NADPH (in 10 mM Tris-HCl, pH 
7), and 20 mM oxidized glutathione. The activity was calculated using the NADPH 
molar extinction coefficient, 6.22 ×10 −5 , considering that one unit of GR is defined 
the amount of enzyme that catalyzes the reduction of 1 µmol of NADPH per minute. 
The specific activity is expressed in mU per g of tissue. 

Xanthine oxidase activity was measured in 50 mM KH 2 PO 4 , pH 7.5, containing 
0.1 mM EDTA and 50 mM xanthine. Determinations were carried out spectropho- 
tometrically (290 nm) at 37 °C, by monitoring the increase in the absorbance due 
to the production of uric acid [42] . One unit of xanthine oxidase is defined as the 
amount of the enzyme that converts 1 µmol of xanthine into uric acid per minute. 

NADPH oxidase activity was assayed according to a modification of the method 
of Bettaieb et al. [43] . Briefly, tissues (1:10 w/v) were homogenized in ice-cold Krebs 
buffer and then centrifuged at 800xg, at 4 °C for 10 min. The supernatant was col- 
lected and then centrifuged at 30,0 0 0xg for 2 h at 4 °C. The pellet (membrane frac- 
tion) was resuspended in Krebs buffer and protein concentration measured. Aliquots 
containing 100 µg of protein were added to Krebs buffer containing NADPH (500 
µM). The change in absorbance at 340 nm was followed for 10 min at 30 s inter- 
vals. 
2.6. Mitochondrial marker enzymes in skeletal muscle 

Cytochrome oxidase (COX) activity was measured in skeletal muscles samples 
homogenized in a KCl medium containing, 100 mM KCl, 50 mM Hepes, 5 mM 
MgCl2, 1 mM EDTA, 5 mM EGTA, 1 mM ATP pH 7.0. Aliquots of homogenates were 
then incubated for 30 min at 0 °C after the addition of 1.5 mg/mL lubrol. 

Samples of tissue homogenates were transferred into calibrated Oxygraph-2 k 
(O2k, OROBOROS INSTRUMENTS, Innsbruck, Austria) 2 ml-chambers. Measurement 
of COX activity was carried out at 37 °C in a medium containing 75 mM Hepes, 30 
µM cytochrome c, 10 mM malonate, 4 µM rotenone, 0.5 mM dinitrophenol, 4 mM 
ascorbate and 0.3 mM N,N,N’,N’-tetramethyl-P-phenylenediamine [44] . 

Citrate synthase (CS) activity was measured according to Srere [45] . Briefly, 
skeletal muscles were homogenized in a medium containing 1 M Tris, 1mM DTNB, 
10 mM Acetyl-CoA, 10 mM Oxaloacetate, 0.5% Triton, pH 8.1. The appearance of the 
free SH group of the released CoASH was followed at 412 nm for 3 min at 30 s 
intervals, at 30 °C. The results were expressed as µmolCoA/min x grams of tissue. 
2.7. Inflammatory markers 

Proteins were extracted from skeletal muscle and eWAT by homogenizing 
frozen tissues (-80 °C) in ten volumes (w/v) of lysis buffer containing 20 mM Tris- 
HCl (pH 8), 138 mM NaCl, 2.7 mM KCl, 5% (v/v) glycerol, 1% (v/v) Nonidet P-40, 
5 mM EDTA and 50 µL/g tissue of protease inhibitor cocktail and 10 µL/g of phos- 
phatase inhibitor cocktail (all from Sigma-Aldrich, St. Louis, MO, USA). Homogenates 
were centrifuged at 120 0 0xg for 10 min at 4 °C and the supernatants were collected 
and used for the determination of tumor necrosis factor α (TNF- α) concentrations, 
using a rat specific enzyme linked immunosorbent assay (ELISA) (R&D Systems, 
Minneapolis, MN, USA) according to manufacturer’s instruction. 

Myeloperoxidase (MPO) activity was assessed as previously described [46] on 
eWAT samples (100 mg) that were homogenized in 1 mL of hexadecyltrimethylam- 
monium bromide (HTAB) buffer (0.5% HTAB in 50 mM phosphate buffer, pH 6.0). 
2.8. Histopathological analysis of eWAT 

Immunostaining was carried out essentially as described by Cinti et al. [47] . 
Briefly, after fixation in 4% buffered formaldehyde, eWAT was embedded in paraf- 
fin, and cut into 5 µm thick sections. Immunohistochemistry was performed on 
dewaxed 5 µm serial sections using 3% hydrogen peroxide to inactivate endoge- 
nous peroxidases followed by normal horse serum to reduce non-specific stain- 
ing. Consecutive serial sections were incubated overnight (4 °C) with antibodies for 
MAC-2/galectin-3 (1:200; Invitrogen, Carlsbad, CA, USA) and then incubated for 1 
h at room temperature with biotinylated, horse anti-mouse IgG (MAC2/galectin-3) 
secondary antibody (Vector Laboratories, Burlingame, CA). Histochemical reactions 
were performed using the Vectastain ABC Kit (Vector Laboratories) and Sigma Fast 
3,3 -diaminobenzidine as substrate (Sigma, St. Louis, MO). Sections were counter- 
stained with hematoxylin. MAC2-positive crown like structure (CLS) per field were 
counted manually, and the percentage of CLSs per total number of nuclei per field 
was used as a measure of adipose tissue macrophage content. Images were acquired 
at a 20 × magnification. 

Adipocytes size distributions analysis was performed by computer image anal- 
ysis of tissue sections according to Chen et al. [48] . 
2.9. Western blot analysis 

Proteins were extracted from skeletal muscle and eWAT by homogenizing 
frozen tissues (-80 °C) in ten volumes (w/v) of lysis buffer containing 20 mM Tris- 
HCl (pH 8), 138 mM NaCl, 2.7 mM KCl, 5% (v/v) glycerol, 1% (v/v) Nonidet P-40, 
5 mM EDTA and 50 µL/g tissue of protease inhibitor cocktail and 10 µL/g tissue 

of phosphatase inhibitor cocktail (all from Sigma-Aldrich, St. Louis, MO, USA). Ho- 
mogenates were centrifuged at 120 0 0xg for 10 min at 4 °C and the supernatants 
were collected. Aliquots of protein extracts were denatured in a buffer (60.0 mmol/l 
Tris, pH 6.8, 10% sucrose, 2% SDS, 4% β-mercaptoethanol) and loaded on a 12% 
sodium dodecyl sulphate (SDS)–polyacrylamide gel. After the run in electrode buffer 
(50 mmol/l Tris, pH 8.3, 384 mmol/l glycine, 0.1% SDS), the gels were transferred 
on PVDF membranes at 0.8 mA/cm 2 for 90 min. The membranes were preblocked 
in blocking buffer (PBS, 3% bovine albumin serum, 0,3% Tween 20) for 1 h and 
then incubated overnight at 4 °C with antibodies for p-Akt (Cell Signaling, Danvers, 
MA , USA , code n. 4060; diluted 1:10 0 0 in blocking buffer), p-glycogen synthase ki- 
nase (GSK) (Santa Cruz Biotechnology, Santa Cruz, CA, USA; 200 µg/ml in blocking 
buffer), peroxisome proliferator-activated receptor alpha (PPAR- α) (Thermo Fisher, 
IL, USA, code n. PA1-32484; 0,5 mg/mL in blocking buffer), peroxisome proliferator- 
activated receptor gamma (PPAR- γ ) (Santa Cruz Biotechnology, Santa Cruz, CA, USA; 
diluted 1:200 in blocking buffer), peroxisome proliferator-activated receptor gamma 
coactivator 1-alpha (PGC-1 α) (Millipore, Billerica, MA, USA; 1:10 0 0 in blocking 
buffer), GLUT5 (Invitrogen, Carlsbad, CA , USA , 0.5 µg/mL in blocking buffer), GLUT4 
(Santa Cruz Biotechnology, Santa Cruz, CA, USA; diluted 1:200 in blocking buffer), 
adiponectin (Immunological Sciences, Rome, Italy, 1:10 0 0 in blocking buffer), sph- 
ingosine kinase (SK1, SK2) (ECM Biosciences, Versailles, KY, USA, 1:10 0 0 in block- 
ing buffer), spinster homolog 2 (Spns2) (Merck Life Science, Burlington, MA, USA, 
1:10 0 0 in blocking buffer), sphingosine 1-phosphate (S1P 1 , S1P 3 ) (Bioss Antibod- 
ies Inc, Woburn, MA , USA , 1:10 0 0 in blocking buffer), S1P 2 (Proteintech, Rosemont, 
IL, USA, 1:10 0 0 in blocking buffer). Membranes were washed three times for 7 
min in PBS/0.3% Tween 20, and then incubated for 1 h at room temperature with 
an anti-rabbit, HRP-conjugated secondary antibody. The membranes were washed 
as described above, rinsed in distilled water, and incubated at room temperature 
with a chemiluminescent substrate, Immobilon HRP substrate (Millipore Corpora- 
tion, Billerica, MA 01821, USA). Quantitative densitometry of the bands was carried 
out by analyzing chemidoc or digital images of X-ray films exposed to immunos- 
tained membranes. Quantification of signals was carried out by Image Lab Software 
(Biorad). Akt was detected with monoclonal antibody (Cell Signaling, Danvers, MA, 
USA; diluted 1:10 0 0 in blocking buffer), GSK was detected with monoclonal anti- 
body (Santa Cruz Biotechnology, Santa Cruz, CA, USA; diluted 1:10 0 0 in blocking 
buffer). After the detection of p-Akt or p-GSK, the membranes were stripped for 30 
min at 50 °C in a solution containing glycine 25 mM, SDS 1%, pH 2 and then pro- 
cessed for quantification of Akt or GSK levels. Actin was detected with polyclonal 
antibody (Sigma-Aldrich, St Louis, MO, USA; diluted 1:10 0 0 in blocking buffer) and 
used to normalize the PPAR- α, PPAR- γ , PGC-1 α, adiponectin, GLUT4 and GLUT5 sig- 
nals. The data of each marker are normalized to controls. 
2.10. Gut microbiota analysis 

Faecal samples (500 mg) were collected from the four experimental groups at 
the end of all dietary treatments and total DNA was extracted using the QIAamp 
DNA Stool Mini Kit (QIAGEN) following the manufacturer’s instructions. 

Partial 16S rRNA gene sequences were amplified using primer pairs Probio_Uni 
and Probio_Rev, targeting the V3 region of the 16S rRNA gene [49] . Amplicon checks 
were carried out as previously described [49] . The 16S rRNA gene sequencing was 
performed using a MiSeq (Illumina) at the DNA sequencing facility of GenProbio srl 
( www.genprobio.com ) according to the protocol previously reported [49] . 

After sequencing and demultiplexing, the obtained reads of each sample were 
filtered to remove low quality and polyclonal sequences. All quality-approved, 
trimmed and filtered data were exported as .fastq files that were processed us- 
ing a script based on the QIIME software suite [50] . Paired-end reads pairs were 
assembled to reconstruct the complete Probio_Uni/Probio_Rev amplicons. Following 
a quality control, sequences with a length between 140 and 400 bp and mean se- 
quence quality score > 20 were retained. Sequences with homopolymers > 7 bp and 
mismatched primers were omitted. 

In order to calculate downstream diversity measures (alpha and beta diversity 
indices, UniFrac analysis), 16S rRNA Operational Taxonomic Units (OTUs) were de- 
fined at ≥ 100% sequence homology using DADA2 [51] and OTUs not encompassing 
at least two sequences of the same sample were removed. All reads were classified 
to the lowest possible taxonomic rank using QIIME2 [ 50 , 52 ] and the SILVA database 
v. 132 as reference dataset [53] . Biodiversity of the samples (alpha-diversity) was 
calculated with Chao1 and Shannon indexes. Similarities between samples (beta- 
diversity) were calculated by weighted UniFrac [54] . The range of similarities is cal- 
culated between the values 0 and 1. PCoA representations of beta-diversity were 
performed using QIIME2 [ 50 , 52 ]. Differential abundance testing at genus level was 
performed using the Analysis of Composition of Microbiomes (ANCOM-II) method 
[55] selecting a cut-off at 0.7. 
2.11. Faecal and serum SCFAs extraction and derivatization 

For short chain fatty acids (SCFAs) extraction, 100 mg of faecal samples and 
100 µl of serum were used for the analysis. Faecal samples were grounded using 
liquid nitrogen. After, the samples were mixed with 9% formic acid, incubated with 
shaking for 2 h and then centrifugated at 10 0 0 0 rpm for 15 min. The supernatant 
was extracted with ethyl acetate. For the derivatization 50 µl of BSTFA was added. 
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Fig. 1. Plasma levels of triglycerides (A), glucose (B), insulin (C), area under the curve (AUC) of glucose (D) and insulin (E), skeletal muscle insulin sensitivity index (F), Western 
blot quantification (with representative western blot) of phosphorylated kinase Akt (G, J), phosphorylated glycogen synthase kinase (GSK) (H, K), and glucose transporter 4 
(GLUT4) (I, L) in skeletal muscle (G, H, I) and epididymal WAT (J, K, L) in control (C), fructose (F), control rescue (CR), and fructose rescue (FR) rats. Values are the means ±
SEM of 8 different rats. ∗P < . 05, ∗∗P < . 01, ∗∗∗P < .001, ∗∗∗∗P < . 0 0 01 compared to respective controls (one-way ANOVA followed by Bonferroni post-test). 
The reaction was conducted for 30 min at 90 °C. Finally, the samples were dried, 
reconstituted in hexane and analyzed by GC/MS. 
2.12. GC/MS analysis 

GC/MS analysis was performed by a 7820A (Agilent Technologies, Santa Clara, 
CA, USA) with a HB-5 ms capillary column (30 m × 0.25 mm × 0.25 µm film thick- 
ness) (Agilent Technologies). The injector, ion source, quadrupole, and the GC/MS 
interface temperature were 230, 230, 150, and 280 °C, respectively. The flow rate of 
helium carrier gas was kept at 1 mL/min. 1 µl of derivatized sample was injected 
with a 3 min of solvent delay time and split ratio of 10:1. The initial column tem- 
perature was 40 °C and held 2 min, ramped to 150 °C at the rate of 15 °C/min and 
held 1 min, and then finally increased 280 °C at the rate of 30 °C/min and kept at 
this temperature for 5 min. The ionization was carried out in the electron impact 
(EI) mode at 70 eV. 

The MS data were acquired in full scan mode from m/z 40–400 with acquisi- 
tion frequency of 12.8 scans per second. The identification of compounds was con- 
firmed by injection of pure standards and comparison of the retention time and 

corresponding EI MS spectra. The contents of SCFAs were calculated with external 
standard methods. 
2.13. Statistical analysis 

Data were expressed as mean values ± SEM. The program GraphPad Prism 6 
(GraphPad Software, San Diego, CA, USA) was used to verify that raw data have nor- 
mal distribution and to perform one-way ANOVA followed by Bonferroni post-test. 
A probability < 5% ( P < . 05) was considered statistically significant in all analyses. 
3. Results 
3.1. Metabolic parameters and insulin signaling 

Fructose-rich diet, which is isocaloric compared to control diet 
(Table S1), had no effect on food intake during the experimen- 
tal period. In fact, cumulative food intake in the 3-weeks period 
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Fig. 2. Content of glycogen (A), and proteins (B), tissue weight (C), content of fructose (D), uric acid (E) and western blot quantification (with representative western blot) of 
glucose transporter 5 (GLUT5) (F) in skeletal muscle from control (C), fructose (F), control rescue (CR), and fructose rescue (FR) rats. Values are the means ± SEM of 8 different 
rats. ∗P < .05, ∗∗P < . 01, ∗∗∗P < .001, ∗∗∗∗P < .0 0 01 compared to respective controls (one-way ANOVA followed by Bonferroni post-test). 

was 680 ±9 g for C rats (whose final body weight was 300 ±5 g) 
and 690 ± 10 g for F rats (whose final body weight was 303 ±5 g). 
Similarly, fructose-rich diet withdrawal had no effect on food in- 
take, that was 700 ±8 g for CR rats (whose final body weight was 
365 ±5 g) and 710 ±9 g for FR rats (whose final body weight was 
380 ±5 g). Thus, all the metabolic effects found in F and FR rats 
could not be attributed to difference in energy intake between the 
groups. 

The impact of dietary fructose on plasma triglycerides and on 
the regulation of systemic insulin sensitivity was investigated at 
the whole-body level. Plasma triglycerides were significantly in- 
creased in F rats in comparison to C rats and remained higher also 
in FR rats compared to CR rats ( Fig. 1 A). 

Plasma glucose levels ( Fig. 1 B), quantified by calculating glucose 
area under the curve (AUC) during glucose tolerance test ( Fig. 1 D), 
were significantly higher in F rats compared to C rats, and re- 
mained higher in FR rats compared to CR rats. Plasma insulin lev- 
els ( Fig. 1 C), quantified by insulin AUC ( Fig. 1 E), were significantly 
higher in FR rats compared to CR rats. In addition, the skeletal 
muscle insulin sensitivity index was found to be significantly lower 
in F rats compared to C rats and in FR rats compared to CR rats 
( Fig. 1 F). 

To gain further insight into the mechanisms underlying insulin 
resistance, we assessed the degree of activation of two effectors of 
the insulin signaling pathway, namely Akt and GSK, both in skele- 
tal muscle and eWAT. In skeletal muscle, the degree of activatory 
phosphorylation of Akt was significantly lower in F rats and re- 
mained decreased in FR rats compared to the respective controls 
( Fig. 1 G). Accordingly, the degree of inhibitory phosphorylation of 
GSK was significantly lower in F rats and this decrease persisted 
in FR rats, compared to respective controls ( Fig. 1 H). In agreement 
with the lower activation of the intracellular signaling pathway of 
insulin, a lower protein content of the glucose transporter GLUT4 
was found in F and FR rats, compared to their respective controls 
( Fig. 1 I). In eWAT, the same three molecular markers of insulin sig- 

naling pathway were all lower in F rats but returned to control 
values in FR rats ( Fig. 1 J,K,L). 
3.2. Skeletal muscle metabolites 

Glycogen deposition in skeletal muscle, an indirect index of 
insulin action on this tissue, significantly decreased in F and FR 
rats, compared to their respective controls ( Fig. 2 A). In addition, a 
fructose-induced decrease in hindleg skeletal muscle protein con- 
tent ( Fig. 2 B) was found in F and FR rats, compared to their re- 
spective controls, while tissue weight was significantly lower only 
in FR rats ( Fig. 2 C). Skeletal muscle content of fructose and its main 
metabolite, i.e., uric acid, was significantly higher in F rats but re- 
turned to control levels in FR rats ( Fig. 2 D,E), in agreement with 
previous findings on plasma levels of the above metabolites mea- 
sured in the same experimental paradigm [33] . The same pattern 
of regulation ( i.e., increased in F rats and reversed to control val- 
ues in FR rats) was evident in the abundance of the fructose trans- 
porter GLUT5 ( Fig. 2 F). 

Since fructose is a well-known positive regulator of de novo li- 
pogenesis, we assessed the activity of the lipogenic enzyme FAS, 
that indeed was found increased in skeletal muscle from F and FR 
rats, compared to their respective controls ( Fig. 3 A). Accordingly, 
the content of triglycerides significantly increased in F rats and this 
increase persisted in FR rats ( Fig. 3 B). Similarly, the bioactive sph- 
ingolipid ceramide increased in F and FR rats ( Fig. 3 C). Ceramide 
can be deacylated to sphingosine that, in turn, can be phospho- 
rylated to S1P by the enzyme SK1/SK2. Ceramide and S1P are in- 
terconvertible lipids, and it has been proposed that their relative 
intracellular levels dictate the cell fate evoking opposite biologi- 
cal effects [56] . Most of S1P biological actions are evoked, after its 
extracellular release through unspecific and specific (Spns2, spin- 
ster homolog 2) transporters, by its binding to G protein-coupled 
receptors named S1PR (S1P 1–5 ) in an autocrine/paracrine manner 
[57] . We therefore assessed the protein content of the two en- 
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Fig. 3. Fatty acid synthase activity (A), quantification of triglycerides (B), ceramide (C), and western blot quantification (with representative western blot) of SK1 (D), Spns2 
(E), S1P1 (F), S1P2 (G), S1P3 (H) in skeletal muscle from control (C), fructose (F), control rescue (CR), and fructose rescue (FR) rats. Values are the means ± SEM of 8 different 
rats. ∗P < . 05, ∗∗∗P < . 001 compared to respective controls (one-way ANOVA followed by Bonferroni post-test). 
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Fig. 4. Activity of NADPH oxidase (A) and xanthine oxidase (B), level of nitrotyrosine (N-Tyr) (C) and lipid peroxidation (D), activity of antioxidant enzymes catalase (E), 
glutathione reductase (F) and superoxide dismutase (G), activity of cytochrome oxidase (H) and citrate synthase (I) in skeletal muscle from control (C), fructose (F), control 
rescue (CR), and fructose rescue (FR) rats. Values are the means ± SEM of 8 different rats. ∗P < . 05, ∗∗ P < . 01, ∗∗∗ P < . 001, ∗∗∗∗ P < . 0 0 01 compared to respective controls (one-way 
ANOVA followed by Bonferroni post-test). 
zymes responsible for S1P synthesis, namely SK1 and SK2. SK1 
was found significantly decreased in F rats, while being higher in 
FR rats ( Fig. 3 D), and no variation was evident in SK2 (data not 
shown). We also evidenced a fructose-induced increase in the spe- 
cific S1P transporter Spns2 ( Fig. 3E ), as well as in the S1P receptors 
S1P 2 and S1P 3 ( Fig. 3 G,H). These latter variations were reversed by 
switching to control diet, except the increased S1P 3 . 
3.3. Oxidative status and mitochondrial function in skeletal muscle 

Fructose-rich diet induced a significant increase in two impor- 
tant oxidant-producing enzymes, namely NADPH oxidase and xan- 
thine oxidase ( Fig. 4 A,B). Accordingly, a condition of increased ox- 
idative stress was detected both in the lipid and protein compo- 
nent of skeletal muscle (reflected in higher TBARS and N-Tyr lev- 
els) in F rats, that was reversed in FR rats ( Fig. 4 C,D). This in- 
creased oxidative stress was induced notwithstanding the compen- 
sative increase in the antioxidant enzymes catalase, GR and SOD 
( Fig. 4 E,F,G). Almost all the above modifications, which were evi- 
dent in F rats, switched back to control values in FR rats, except 
the increased SOD activity, that persisted in FR rats. 

Skeletal muscle mitochondrial function has been repeatedly 
linked to the onset of insulin resistance. In addition, the mito- 
chondria are one of the main cellular sites involved in the gen- 
eration of ROS and hence in the induction of cellular oxidative 
stress. We therefore considered of interest to evaluate the puta- 
tive mitochondrial changes elicited by high-fructose intake. To this 
end, we evaluated the activity of two mitochondrial marker en- 
zymes, COX, located in the inner mitochondrial membrane, and 

CS, located in the mitochondrial matrix. Both enzymes decreased 
their activity in F rats, but returned to the control level in FR rats 
( Fig. 4 H,I). The decrease found in mitochondrial enzymes is proba- 
bly the result of regulation at the single enzyme level rather than 
changes in organelle mass/number, since no variation was found 
in the protein expression of three protein regulators of mitochon- 
drial biogenesis, namely PGC-1 α, PPAR α and PPAR γ (data not 
shown). 
3.4. Epididymal white adipose tissue 

eWAT is among the largest and most readily accessible fat pads 
in the rat [58] and its increase is associated with an increased risk 
for insulin resistance and dyslipidemia, since its surgical removal 
in rats and mice was shown to improve insulin action [ 59 , 60 ]. For 
these reasons, we choose to quantify eWAT mass changes after 
3 or 6 weeks of dietary treatment ( Fig. 5 ). This tissue exhibited 
an age-related increase during the first 3 weeks, with no differ- 
ence between C and F rats ( Fig. 5 A). In the subsequent 3 weeks, 
eWAT gain, as well as tissue mass/unit body weight, was signif- 
icantly higher in FR rats compared to CR rats ( Fig. 5 A,B). To as- 
sess the degree of hypertrophy of eWAT, we evaluated the dis- 
tribution of cells with different diameter, and we found that the 
smaller adipocytes were significantly decreased after fructose-rich 
diet, while the larger adipocytes were significantly increased, com- 
pared to respective controls, so that the mean adipocyte area was 
significantly higher in F and FR rats compared to their respective 
controls ( Fig. 5 C,D). eWAT also exhibited an increase in fructose 
and uric acid content, coupled with an increased protein expres- 
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Fig. 5. Tissue weight gain (A), tissue weight (B), adipocyte area distribution (C) and mean adipocyte area (D), quantification of fructose (E), uric acid (F) western blot quantifi- 
cation (with representative western blot) of glucose transporter 5 (GLUT5) (G) and fatty acid synthase activity (H) in eWAT from control (C), fructose (F), control rescue (CR), 
and fructose rescue (FR) rats. Values are the means ± SEM of 8 different rats. ∗P < . 05, ∗∗ P < . 01, ∗∗∗ P < . 001, ∗∗∗∗P < .0 0 01 compared to respective controls (one-way ANOVA 
followed by Bonferroni post-test). 
sion of GLUT5 and increased FAS activity in F rats, and all these 
parameters went back to control values in FR rats ( Fig. 5 E,F,G,H). A 
condition of local inflammation of the tissue was also detected, as 
indicated by increased tissue content of TNF- α, increased MPO ac- 
tivity and increased presence of CLS, with a significant decrease in 

the anti-inflammatory mediator adiponectin ( Fig. 6 ). All the above 
modifications found in eWAT persisted after switching to a con- 
trol diet in FR rats. At variance with the above results, no sign of 
fructose-induced oxidative stress was detected in eWAT (data not 
shown). 
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Fig. 6. TNF- α content (A), activity of myeloperoxidase (B), quantification of crown-like structure (CLS) (C), and western blot quantification (with representative blot) of 
adiponectin (D) in epididymal white adipose tissue from control (C), fructose (F), control rescue (CR), and fructose rescue (FR) rats. Values are the means ± SEM of 8 dif- 
ferent rats. ∗P < . 05, ∗∗ P < . 01, ∗∗∗P < .001, ∗∗∗∗ P < . 0 0 01 compared to respective controls (one-way ANOVA followed by Bonferroni post-test). 
3.5. Gut microbiota and short chain fatty acids analysis 

A 16S DNA-sequencing approach was used to investigate the ef- 
fect of the various treatments on the gut microbial composition. 
The analysis of alpha diversity showed that F rats have increased 
diversity respect to C rats, as estimated by Shannon index (Fig. 
S1a) reflecting the diversity of OTUs in samples and Chao1 in- 
dex (Fig.S1b), reflecting the OTUs abundance in the samples. No 
statistically significant difference of alpha diversity was observed 
between CR and FR groups, suggesting that the effect due to the 
fructose-rich diet was reversed by the reintroduction of a standard 
diet (Fig. S1). 

A PCoA analysis based on Bray–Curtis distance ( Fig. 7 A) indi- 
cated that F rats clustered independently respect to the C rats, in- 
dicating that the fructose treatment, as expected, affected the bac- 
terial composition of the gut. The same analysis also showed that 
animals treated with fructose for 3 weeks and then fed a control 
diet for the following 3 weeks (FR rats), clustered together with the 
respective controls (CR), consisting of animals treated with control 
diet for 6 weeks. This finding indicates that the gut microbiota is 
strongly influenced by the diet and that it is a very dynamic com- 
munity that quickly responds to the diet changes. 

To identify the bacterial genera specifically altered by diet we 
performed an ANCOM-II analysis selecting a cut-off of 0.7 [55] . 
Limiting the analysis to the bacterial genera with a relative abun- 
dance higher than 0.05%, 12 genera were found differently repre- 
sented in the microbiota of the F group with respect to the con- 
trol, showing that the high-fructose diet affected the gut microbial 
composition ( Fig. 7 B). In particular, we observed that 9 genera in- 
creased, and three genera decreased in the F group respect to the 
control. Comparing the FR group with the respective control (CR), 
no statistically significant differences were observed. These data in- 
dicate that a standard diet can completely restore the microbial 
changes induced by the fructose treatment. 

The main SCFA of gut bacterial origin, namely acetate, propi- 
onate, and butyrate, were assessed in faeces and plasma ( Fig. 8 ) 
by gas chromatography coupled to mass spectrometry. The fae- 
cal content of all the three SCFA significantly increased in F rats, 
while no variation was found in FR rats, compared to their respec- 
tive controls ( Fig. 8 A,B,C). Plasma levels of propionate and butyrate 
were significantly higher in F rats, while acetate did not exhibit 
any fructose-induced variation ( Fig. 8D D,E,F). After switching back 
to control diet, the concentrations of propionate and butyrate were 
restored to control levels. 
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Fig. 7. Principal Coordinates Analysis (PCoA) (A) and analysis of composition of microbiome (ANCOM) on fecal microbiota at genus level (B) in control (C), fructose (F), control 
rescue (CR), and fructose rescue (FR) rats. Only genera showing differential abundance in F rats compared to C rats are shown as mean relative percentage abundance. Values 
are the means ± standard deviation of 8 different rats. 
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Fig. 8. Quantification of acetate, propionate and butyrate in faecal samples (A, B, C) and plasma samples (D, E, F) from control (C), fructose (F), control rescue (CR), and fructose 
rescue (FR) rats. Values are the means ± SEM of 8 different rats. ∗P < . 05, ∗∗P < . 01 compared to respective controls (one-way ANOVA followed by Bonferroni post-test). 

Fig. 9. Summary of changes in gut microbiota, skeletal muscle and epididymal white adipose tissue after short term fructose intake and their persistence after fructose removal 
from the diet. 
4. Discussion 

The hypothesis of a cross talk between gut microbiota, skeletal 
muscle and white adipose tissue has recently emerged in the lit- 
erature [ 30 , 31 ]. However, the in vivo mechanisms underlying the 
interrelation between gut microbiota and the above tissues in re- 
sponse to nutritional challenge remain poorly explored. 

From the evidence shown in the present paper, it emerges 
clearly that a fructose-rich diet, known to reshape gut microbiota 
composition after long term dietary treatment [ 61 , 62 ], impacts gut 
microbiota also after shorter periods of high sugar intake. 

In fact, the analysis of the gut microbial composition revealed 
a general increase of taxa belonging to the Lachnospiraceae fam- 
ily such as Eubacterium fissicatena, Candidatus Arthromitus, Shuttle- 
worthia . The Lachnospiraceae family is a phylogenetically heteroge- 
neous taxon belonging to the phylum Firmicutes. The role of Lach- 
nospiraceae is controversial and their abundance has been often 
associated with metabolic diseases ( i.e., non-alcoholic fatty liver 

disease [NAFLD], chronic kidney disease, intestinal bowel disease 
[IBD]), although the taxa of this family are able to produce bene- 
ficial metabolites for the host. Indeed, these bacteria are involved 
in SCFA production, especially butyrate [63] . The increase of the 
genus Coprococcus in fructose-fed rats is in line with our previously 
published data [61] reporting an increase of Coprococcus genus in 
rats fed a fructose-rich diet for 8 weeks. Bacteria belonging to the 
Coprococcus and Butyrivibrio genus are recognized as SCFA produc- 
ers and contribute to butyrate formation. These findings are in line 
with the increase of butyrate and propionate concentration that we 
observed in faecal and plasma samples of fructose-fed animals. Be- 
sides the recognized beneficial effects of SCFA, the presence of high 
amounts of these compounds is not always an indication of a ben- 
eficial effect and high SCFA concentrations have also been associ- 
ated with obesity, hypertension and gut dysbiosis in humans [64] . 

The fructose-induced increase in bacteria belonging to the Bac- 
teroides pectinophilus and Eubacterium eligens genera, with putative 
probiotic potential [65] , could be the result of a general dysbio- 
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Table 1 
Summary of metabolic changes. 
Parameter After 3 wk of fructose-rich diet After 3 wk of switching to 

control diet 
Plasma metabolic parameters 
Glucose during GTT ↑ ↑ 
Insulin during GTT ns ↑ 
Triglycerides ↑ ↑ 
Skeletal muscle features 
Insulin signaling (pAkt, p-GSK, 
GLUT-4, insulin sensitivity 
index) 

↓ ↓ 
Glycogen and Proteins 
Weight ↓ 

ns ↓ 
↓ 

Fructose, Uric Acid, GLUT-5 ↑ ns 
Fatty Acid Synthase, 
Triglycerides and ceramide 
SK1 
SpnS2 
S1P 
S1P2 
S1P3 

↑ 
↓ 
↑ 
ns 
↑ 
↑ 

↑ 
↑ 
↓ 
↓ 
ns 
↑ 

Oxidant-producing enzymes 
(NADPH oxidase and xanthine 
oxidase) 
Oxidative stress markers 
(N-Tyrosine and TBARS) 
Antioxidant enzymes (Catalase, 
Glutathione reductase) 
Superoxide dismutase 
Mitochondrial enzymes (COX 
and CS) 

↑ 
↑ 
↑ 
↑ 
↓ 

ns 
ns 
ns 
↑ 
ns 

Epidydimal WAT features 
Insulin signaling (pAkt, p-GSK, 
GLUT-4) ↓ ns 
Weight, weight gain 
Adipocyte area 250-1500 
Adipocyte area > 7500, 
Adipocyte mean area 
Fructose, Uric Acid, GLUT-5 
Fatty Acid Synthase 

ns 
↓ 
↑ 
↑ 
↑ 

↑ 
↓ 
↑ 
ns 
ns 

Gut microbiota altered rescued 
SCFA 
Faecal acetate, propionate, and 
butyrate 
Plasma propionate and butyrate 
Plasma acetate 

↑ 
↑ 
ns 

ns 
ns 
ns 

sis induced by the diet that, by reducing the abundance of other 
bacteria, could confer a competitive advantage for the prolifera- 
tion of this genus. Other genera increased with the fructose intake 
were Oribacterium and Mollicutes RF39. The genus Oribacterium was 
reported to be closely related to the dysregulation of biliar acids 
metabolism [66] and obesity [67] , while an increase of Mollicutes 
RF39 has been correlated with stress condition in mice [68] . More- 
over, a bloom of bacteria belonging to the Mollicutes order has 
been reported as consequence of diet induced obesity in mice [69] . 
In our analysis we also found a decrease of the genera Muribacu- 
lum and Bacillus in response to a fructose-rich diet. The abundance 
of these genera is generally associated with healthy status and, in 
the case of Muribaculum , its reduction has been already reported in 
other pathological conditions such as Chron’s disease [70] . Overall 
our results showed that 3 weeks of high-fructose diet strongly alter 
the gut microbiota but when this regimen is followed by 3 weeks 
of standard diet, the intestinal microbiota returns to a composition 

that resembles that of rats mainained for the entire period under 
standard diet. 

Reshaping of gut microbiota is usually associated with changes 
in the availability of microbial products, namely SCFA. Our present 
findings indicate that the fructose-rich diet elicits an increase in 
the production of acetate, butyrate, and propionate, which are 
the most abundant SCFA in the gut (constituting > 95% of the 
SCFA content) [71] . The increased faecal concentrations of the 
three SCFA agree with previous findings showing that higher 
levels of SCFAs are induced by fructose-rich diet [72–74] and 
are associated with diet-induced NAFLD and obesity [ 69 , 75–78 ] 
suggesting possible deleterious effects, perhaps depending on SCFA 
profile and concentration. In fact, SCFA have also been described 
to weaken intestinal barrier function and to favor endotoxemia 
[79] . In addition, increased intestinal IkB- α phosphorylation and 
permeability have been reported in mice fed an HFD for 8 weeks 
[80] , and downregulation of zonula occludens-1 (ZO-1) has been 
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reported in conditions associated with increased SCFA and/or 
high-fructose diets [81] . Interestingly, isotopic tracing of fructose 
in various mouse models has demonstrated that some carbon 
sources for the de novo lipogenesis in the liver come from acetate 
produced by gut microbiota fermentation of fructose [ 82 , 83 ]. In 
addition, Zhao et al. [83] found a twofold increase in acetate after 
acute fructose feeding in portal blood but not systemic blood, in- 
dicating that acetate is efficiently cleared by the liver. The authors 
further found that depleting the microbiome markedly blocked 
fructose conversion into hepatic acetyl-CoA and fatty acids thus 
concluding that the generation of microbial acetate feeds lipogenic 
pools of acetyl-CoA in the liver of fructose-fed animals. We have 
recently found [33] that after 3 weeks of fructose-rich diet the 
activity of hepatic de novo lipogenic enzymes was significantly 
upregulated but returned to control levels after switching back to 
control diet. Therefore, the increased acetate found in fructose-fed 
rats, once absorbed in the portal vein and delivered to the liver 
might be metabolized in this tissue for de novo lipid synthesis, 
thus contributing to the increased hepatic steatosis and plasma 
triglycerides. This hypothesis is also supported by the finding that 
acetate concentrations are increased in the faeces but not in the 
plasma of F rats and that acetate accounts for 80% of the faecal 
SCFA and 46% of the plasma SCFA. 

Our present results also show that switching back to control 
diet for 3 weeks is however a period long enough to restore the 
gut bacterial community and consequently the levels of the SCFA. 
The reversibility of changes in gut microbiota has been investi- 
gated with partially discordant results. Some previous papers have 
reported persistent changes in microbiome composition following 
changes in the dietary regimen, but the experimental protocol uti- 
lized either a longer period (9 weeks) of fructose-rich diet [84] , 
compared to that used in the present study, or a high fat diet 
[85] . In contrast with the above findings but in agreement with 
this study, it has been reported that just 1 week is sufficient to re- 
store gut microbiota after 8 weeks of high fat diet [86] , or that 2 
weeks of control diet partly restore gut microbiota changes elicited 
by high fat diet [87] . Thus, from our results, it appears that, at 
least after short periods of enhanced dietary intake of fructose, the 
modification of gut microbiota is fully reversible. 

Since gut microbiota has been involved in the control of energy 
homeostasis in extra-hepatic tissues, [ 30 , 31 ], we studied skeletal 
muscle, the major determinant of whole-body glucose homeosta- 
sis, and epididymal white adipose tissue, as representative of in- 
traabdominal fat, that is strictly linked to metabolic syndrome, in 
an attempt to clarify whether the response of these tissues to fruc- 
tose treatment and sugar removal from the diet reflects the micro- 
biota changes. 

Skeletal muscle expresses GLUT5 fructose transporters and has 
been demonstrated to utilize fructose [88] , thus pointing to the 
possible direct influence of this sugar on skeletal muscle metabolic 
activity. Our results show an increased content of GLUT5 protein, 
fructose, as well as of its main metabolic byproduct, uric acid, af- 
ter 3 weeks of fructose-rich diet. It is well known that fructose 
metabolism led to ATP depletion, that in the present condition is 
exacerbated by decreased mitochondrial activity. In addition, uric 
acid production causes oxidative stress that indeed was found in- 
creased after fructose feeding, notwithstanding the compensatory 
increase in several antioxidant enzymes. This altered metabolic 
condition was reversed when switching back to control diet. 

Notably, whole body glucose tolerance was impaired both after 
3 weeks of fructose-rich diet and 3 weeks after switching back to 
control diet, similarly to what previously found in adult animals 
[14] , and in young rats that exhibited fasting hyperglycemia after 
16 d or 6 weeks of fructose intake [ 89 , 90 ]. 

Therefore, it seems that even brief periods of elevated fructose 
intake impact on insulin sensitivity, independently from age and 
importantly, this metabolic impairment is evident well beyond the 
end of the fructose intake. 

Skeletal muscle greatly influences glucose disposal after the 
first 30 min from ingestion, and we therefore investigated its con- 
tribution to the altered glucose tolerance curve, showing that in- 
sulin physiological response in this tissue is impaired after fructose 
intake with this impairment persisting following fructose with- 
drawal. In fact, three downstream effectors of insulin signaling 
pathway are less activated in F and FR rats, confirming that in- 
sulin delivered to skeletal muscle from the blood does not fully 
activate its intracellular signaling pathways, thus potentially influ- 
encing both glucose and protein metabolism in skeletal muscle. In 
particular, the decreased inhibition of the enzyme GSK implies in- 
hibition of the pathway of glycogen synthesis and the following 
decrease in glycogen deposition in this tissue. This detrimental ef- 
fect can be further worsened by the lower abundance of GLUT4, 
and hence a slower entry of glucose in the cells. In addition, the 
reduced effect of insulin on skeletal muscle can also affect its an- 
abolic action and therefore exert an impact on protein metabolism. 
In agreement, the higher activation of GSK, which is known to in- 
hibit protein synthesis [91] , could be the cause of the decreased 
mass and protein content of hindleg muscles, that does not depend 
on dietary treatment, since energy intake was the same between 
control and fructose-fed rats and the two diets contained the same 
amount of proteins. 

Among the cellular factors involved in the development of in- 
sulin resistance in skeletal muscle, an important role is played by 
intramyocellular triglycerides, arising from increased lipid influx or 
neosynthesis in skeletal muscle [92] . Interestingly, short-term fruc- 
tose intake elicited an increase in plasma triglycerides that per- 
sisted also after fructose withdrawal from the diet. Concomitantly, 
we here show a persistent increase in the activity of the FAS activ- 
ity, as well as increased skeletal muscle triglycerides and ceramide, 
that well correlate with the well-known role of these metabolites 
in the onset of insulin resistance [93] . 

Ceramide metabolism is linked to that of S1P, through the ac- 
tion of specific kinases [94] , that prevent ceramide accumulation 
by promoting its conversion into S1P. It has been reported that SK1 
is an important enzyme that regulates ceramide metabolism and 
insulin sensitivity in skeletal muscle, by reducing the accumulation 
of muscle ceramide in conditions of lipid oversupply. This identi- 
fies SK1 as an important regulator of lipid partitioning in skeletal 
muscle [95] . In agreement, we here report for the first time a sig- 
nificant fructose-induced decrease in SK1 protein levels in skeletal 
muscle, that could contribute to higher levels of ceramide in this 
tissue. This finding is intriguing since SK/S1P signalling axis cru- 
cially modulates various fundamental processes in skeletal muscle 
[96] , among which the modulation of insulin sensitivity [97] . We 
also evidenced a fructose-induced increase in the S1P receptors 
S1P2 and 3 as well as in the specific transporter Spns2. These latter 
modifications could represent an adaptative response to decreased 
intracellular synthesis of S1P and stimulate further investigation 
on the link between sugar-rich diet, insulin sensitivity and sphin- 
gosine metabolism. Interestingly, the increased SK1 protein levels 
evidenced in FR rats may represent a counterregulatory response 
to increased ceramide levels. However, the increased SK1 levels in 
FR rats are not mirrored by decreased ceramide content, at least 3 
weeks after fructose withdrawal, so we cannot exclude that more 
time is required to affect skeletal muscle ceramide or that other 
pathways, such as de novo synthesis, sphingomyelin and gluco- 
sylceramide catabolism and ceramide 1-phosphate dephosphoryla- 
tion, might be involved. 
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The persistent increase in serum triglycerides can also impact 

on white adipose tissue physiology. In agreement, following the 
expansion of eWAT during the whole experimental period, we 
found changes in the dimensional profile of the adipocytes, with 
an increase in larger cells at the expense of the smaller ones, to- 
gether with an expansion of this site of deposition after switch- 
ing to a control diet. At molecular level, eWAT content of fruc- 
tose, uric acid and GLUT5, were all upregulated by fructose-rich 
diet, concomitantly to an increased activity of the lipogenic en- 
zyme FAS, in agreement with findings showing that fructose stimu- 
lates de novo fatty acid synthesis in isolated adipocytes [98] . These 
metabolic changes were coupled with a condition of inflamma- 
tion that started with the onset of high-fructose diet, persisted 
also during the rescue period, and was characterized by an in- 
creased content of the proinflammatory cytokine TNF- α, an in- 
creased activity of the macrophage-linked enzyme myeloperoxi- 
dase, increased presence of CLS, and decreased amount of the anti- 
inflammatory molecule adiponectin. The present findings on the 
persistence of eWAT hypertrophy even after switching to a control 
diet agree with recent results showing hypertrophy and inflamma- 
tion of perigonadal adipocytes in formerly obese mice, with con- 
comitant upregulation of pathways associated with immune func- 
tion [99] . Coupled with the above modifications, molecular mark- 
ers of insulin resistance were detected in eWAT, although these lat- 
ter variations were rescued by switching to control diet. The rever- 
sal of insulin resistance in eWAT could be related to the lower lipid 
pressure on these cells after the interruption of fructose-rich diet, 
since the flux of lipids into the cells comes only from increased 
plasma triglycerides, while de novo lipogenesis is switched off. 

From the present results it emerges that increased fructose in- 
take even on a short-time basis elicits functional remodeling of 
metabolically relevant tissues, namely skeletal muscle and adipose 
tissue, through mechanisms that go well beyond the reshaping of 
gut microbiota. We previously evidenced that a successful strat- 
egy to avoid/limit fructose-induced onset of metabolic syndrome 
is the modulation of gut microbiota either by antibiotic adminis- 
tration or by faecal transplant [ 61 , 62 ]. Our present results extend 
this concept by demonstrating that once the reshaping of gut mi- 
crobiota is elicited, its reversibility is not sufficient to abolish the 
metabolic alterations triggered in other tissues such as muscle or 
adipose tissue. Taken together, previous and present results sug- 
gest that fructose-induced changes in gut microbiota are involved 
in the onset of metabolic syndrome but this metabolic imbalance, 
once started, likely triggers in turn other alterations not directly 
linked to gut microbiota that persist beyond the changes in dietary 
treatment. 

The persistent elevations of triglycerides and ceramide fit well 
with persistent insulin resistance exhibited by skeletal muscle. 
Similarly, in eWAT the persistent flux of plasma triglycerides fuels 
tissue expansion and inflammation. Therefore, it can be concluded 
that the persistence of increased plasma triglycerides even after 
the switching to a control diet following a period of elevated fruc- 
tose intake, contributes to potentially alter permanently the phys- 
iology of metabolically relevant tissues, such as WAT and skeletal 
muscle ( Table 1 , Fig. 9 ). This picture delineates a very harmful sit- 
uation, considering increasingly consumption of fructose especially 
in the young populations, that are posed at risk of experiencing 
stable metabolic modifications that can certainly impact on their 
health status later in the adulthood. 

The findings of this study are of relevance for their transfer- 
ability to humans, since they emphasize the need for awareness- 
raising strategies aimed both at a net reduction in the use of 
added sugars by the food industry, and at a significative decrease 
in the consumption of sugar-rich food especially during adoles- 
cence, to prevent/limit organ alterations in a critical phase of 

growth till the adult phase. In this sense, a limitation of this study 
is that, not having followed the animals for a longer time, we 
cannot say if a fully rescue is possible in the adult age and, if 
this is the case, how long time is required. A further interest- 
ing perspective could be to verify whether strategies based on 
the administration of dietary supplements (prebiotics, probiotics or 
antioxidants/anti-inflammatory molecules) could accelerate the full 
recovery of organ physiology after fructose-rich diets, to promote a 
healthy growth. 
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